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Michelle M. Sonsalla
Obesity is a significant health issue in the developed world. During the
pathogenesis of obesity, drastic changes in the gut microbiota lead to intestinal
inflammation and increased intestinal permeability, resulting in chronic, low-grade
inflammation in white adipose tissue that leads to fattening and insulin resistance. 13lined ground squirrels (Ictidomys tridecemlineatus) naturally fatten in preparation for
hibernation and thus we propose that they may be a good model for weight gain in
humans. We studied 13-lined ground squirrels during their active season and monitored
calorie consumption, body mass, glucose tolerance, adipose mass, and adipose
inflammation. Calorie consumption peaked nine weeks after emergence then decreased,
whereas body mass continued to increase until weeks 13-15 before it leveled off. Glucose
tolerance was relatively constant for most of the active season, with a spike in glucose
intolerance 18 weeks post-emergence before returning to similar levels as before.
Adipose samples from squirrels were collected throughout the active season and analyzed
using qRT-PCR and ELISA to determine changes in immune state. Adipose tissue
exhibited significant shifts in immune cell and cytokine levels during the development of
obesity. These results suggest that changes in weight gain continue after food intake
decreases and adipose immune state during the development of obesity in 13-lined
ground squirrels follow the same progression as in other animal models, displaying levels
of chronic, low-grade inflammation during obesity.
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Chapter I
Introduction

Obesity
Prevailing attitudes have long held that to maintain a constant weight, energy
intake must equal energy expenditure. Thus, any disturbance in this “energy balance”
will result in changes to body mass and, should intake exceed expenditure, obesity
occurs. Research in humans has shown that the cause of obesity is not this simple (1).
Energy homeostasis is maintained through complex communication between the
gastrointestinal (GI), nervous, endocrine and immune systems. In order to adequately
maintain energy homeostasis, the brain, particularly the hypothalamus, needs accurate
information about the body’s current stored energy and ongoing nutrient intake. These
signals (i.e. hormones and cytokines) can be relayed to the brain by molecules crossing
the blood brain barrier (BBB) or via stimulation of afferent vagal nerves.
Some of these signals regulate the start and end of meals. Meal initiation is
determined by a variety of factors, including time of day, social factors and levels of
different hormonal factors, such as ghrelin. Ghrelin, a peptide secreted primarily by the
stomach and intestine, acts to stimulate hunger and food intake (2–4). When circulating
levels of ghrelin are high, appetite is increased. As food is consumed, plasma ghrelin
levels decrease along with appetite (2–4). Satiety is triggered by gastric and intestinal
distension and nutrient arrival in the small intestine, which leads to the release of the
hormones peptide YY (PYY) and cholecystokinin (CCK) (3, 4).
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Another important group of signals are those that relay information regarding
current stored energy levels, such as leptin and other adipokines. Adipokines are
signaling molecules secreted by adipose tissue. Leptin is a hormone secreted by adipose
tissue in relation to the amount of fat stored. Increased leptin signaling in times of high
fat mass acts on both the central nervous system and peripheral tissues to induce satiety
and increase whole body glucose utilization (2, 4–7). In the central nervous system, leptin
binds receptors in the hypothalamus and leads to activation of the sympathetic nervous
system, which promotes glucose mobilization (2, 5–7). This works via signal transducer
and activator of transcription (STAT) proteins, which regulate the expression of
orexigenic or anorexigenic genes (6, 7). Leptin also acts directly on adipocytes through
paracrine and autocrine signaling to alter expression of genes involved in lipid
metabolism (7).
Finally, hormones involved in regulating glucose homeostasis also play an
important role in controlling energy metabolism. Insulin is one of the main anabolic
hormones in the body. Insulin is secreted by the β cells found in the pancreatic Islets of
Langerhans (2). When food is consumed and absorbed, a rise in blood glucose triggers
the release of insulin from the pancreas (2). Insulin promotes glucose uptake by cells as
well as storage of glucose as glycogen and conversion to triglycerides for storage in
adipose tissue. Thus, when insulin rises, blood glucose levels decrease (2, 7). Another
important hormone, glucagon, works opposite insulin. Glucagon is secreted by the α cells
in the Islets of Langerhans and leads to the breakdown of storage forms and the release of
glucose into the blood (2). Contrary to insulin, glucagon is released in response to low
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blood glucose levels, such as what occurs between meals. Glucagon and insulin inhibit
each other’s actions and, along with other factors (catcholamines, cortisol, growth
hormone, insulin-like growth hormone and thyroid hormone), maintain blood glucose
levels within a narrow range of tolerance (2). During obesity, insulin resistance may
develop, during which there is a disruption of insulin-mediated glucose uptake, resulting
in elevated blood glucose levels (2, 43, 47-48).
The primary control center in metabolism and appetite is the central nervous
system, particularly the hypothalamus. The hypothalamus responds to signals from the
periphery, such as leptin and insulin, by activating sympathetic and parasympathetic
nerves (6). As part of their function, the sympathetic and parasympathetic nervous
networks (part of the autonomic nervous system) work to regulate glucose and fat
metabolism to maintain homeostasis by innervating important metabolic tissues of the
body, including the liver, pancreas, adipose tissue and muscles (6). Through regulation of
sympathetic and parasympathetic outflow, the brain is able to regulate whole body energy
homeostasis.
The high prevalence of obesity in today’s society may be due to a number of
different factors, including the high-fat, high-sugar, and highly palatable modern diet,
sedentary lifestyles, and genetic contributions (1, 8–10). The modern diet is composed
primarily of processed foods and consists of high levels of both fats and carbohydrates,
which increases the amount of calories consumed even when a relatively normal meal
size is consumed (1, 11). In addition, normal feeding behavior is altered by the
introduction of liquid sugar consumption (such as in soda), which has been found to
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increase the number of meals consumed, without a corresponding decrease in meal size
(1, 8). This leads to an overall increase in food intake. On the other side of the energy
balance, modern society encourages less physical activity through accessibility of
automotive transport, reduced physical demands at work, and prevalence of internet and
television in homes (12). Finally, human evolution has contributed to the development of
a metabolically “thrifty” genotype (9). Our metabolism leans toward the storage of
energy during food abundance so that survival is increased when food is scarce. This was
beneficial when food availability was uncertain but in today’s developed countries, when
excessive amounts of food are readily available, particularly for affluent individuals,
these “thrifty” genes are maladaptive and contribute to the prevalence of obesity. This
increase in energy intake with the associated decrease in energy expenditure along with
the interactions of metabolically “thrifty” genes leads to a significant accumulation of
energy storage in the form of fat.
Obesity in humans is defined as a body mass index (BMI; weight in kilograms
divided by height in meters) of greater than 30 kg/m2 (12). In general, obesity is a chronic
disease characterized by the accumulation of excess fat stored in adipose tissue and other
organs (10, 13). Today, obesity is an epidemic in the United States and is becoming more
prevalent around the world. According to a 2016 World Health Organization report, 1.9
billion adults were overweight and of these more than 650 million were considered to be
obese (14). In addition to the health problems associated with obesity itself, such as
insulin resistance, high blood pressure, and breathing problems, there are a number of
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comorbidities linked to obesity, including type II diabetes, cardiovascular disease, and
some cancers (11–13, 15).

Pathogenesis of Obesity
Gut microbiota dysbiosis.
The gut microbiota is composed of thousands of microbes (16–27). The majority
of the microbiota is bacteria, with most belonging to the phyla Bacteroidetes and
Firmicutes, but is also composed of some eukaryotes, archaea, and viruses (16–27). The
gut microbiota serve the host by aiding in digestion through production of additional
digestive enzymes not produced by the human body as well as development of the
immune system (16, 21, 22, 24–27). During gestation and at birth, the mother’s
microbiota contributes greatly to the composition of an individual’s microbiota (24, 26).
The microbiota community continues to develop throughout childhood. Once an “adultlike” microbiota has developed, the community remains relatively constant, with longterm dietary habits and genetics playing important roles in microbiota composition (26,
27). Despite the relative consistency of the adult microbiota, changes in diet can rapidly
induce small changes in the microbiota composition, particularly diets high in fat and
carbohydrates, like the so-called Western diet (19, 20, 22–27).
The gut microbiota is implicated in the development of obesity. Obesity is
typically characterized by an increase in the ratio of Firmicutes to Bacteroidetes, as well
as an overall decrease in bacterial diversity (19–27). Firmicutes, such as Clostridium,
Lactobacillus, Methanobrevibacter smithii, and Ruminococcus spp., have a greater
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fermentation efficiency than Bacteroidetes (24, 26). Fermentation by the gut microbiota
is the breakdown of dietary fibers into short chain fatty acids (SCFAs), which can be
absorbed and utilized by the host (24, 26). Increased SCFA production leads to an
increase in calories absorbed by the host and thus less caloric waste from the food. This
allows the host to absorb more energy even if food ingestion is decreased. A simple
increase in energy intake is not the only way that microbiota dysbiosis contributes to
obesity and metabolic disease. The gut microbiota has been found to regulate the
secretion of fast-induced adipocyte factor, which inhibits lipoprotein lipase, leading to
decreased free fatty acid storage in the liver or muscles and increased lipid storage in
white adipose tissue (WAT) (24, 26). The shift in the gut microbiota leads to an increase
in endotoxin (e.g., lipopolysaccharides [LPS]) production, which enter the bloodstream
and travel to distant tissues, where immune cell activation leads to an increase in
systemic inflammation (16–27). Certain microbial groups have well-documented effects
on host metabolism and immunity. Segmented filamentous bacteria (SFB) regulate the
pro-inflammatory Th17 response and have been found to decrease during obesity (23,
25). Akkermansia muciniphila, a member of the phylum Verrucomicrobia, utilizes
intestinal mucins as its sole energy source (25, 26). A. muciniphila lives within the mucus
layer and acts to improve intestinal barrier function, which results in decreased plasma
endotoxin levels and subsequent adipose inflammation and obesity. It is no surprise that
A. muciniphila abundance is inversely correlated with obesity (25). Overall, high fat diets
and obesity are associated with a dysbiosis of the gut microbiota, leading to shifts in
energy intake and storage.
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Intestinal inflammation.
Changes in the GI microbiota can lead to changes in the intestinal immune
system. The intestinal barrier, an important part of innate immunity, separates the gut
microbiota from host tissues and controls the contact between the two while regulating
the uptake of nutrients and water (16, 18, 28–30). The intestinal barrier is made up of a
thick layer of mucus, which is composed of both mucin and antimicrobial compounds,
and a single layer of epithelial cells (16, 18, 28). The permeability of the intestinal
epithelium is determined by the tight junctions between cells. Interactions between
altered gut microbiota and host epithelial cells can lead to increased permeability which
allows the translocation of endotoxins. The presence of endotoxins in the underlying
tissue activates immune cells and drives the secretion of pro-inflammatory cytokines that
further increase gut permeability (29, 30).
These endotoxins activate immune cells by binding to so-called pattern
recognition receptors (PRRs). These receptors, such as Toll-like receptor 4 (TLR4), are
found on intestinal epithelial cells and various immune cells such as monocytes,
macrophages, and dendritic cells. Binding of an endotoxin or other ligand to a PRR
results in the activation of the transcription factor nuclear factor kappa-light-chainenhancer of activated B cells (NF-κB) (19, 20, 22, 31). NF-κB promotes expression of
pro-inflammatory cytokines, like tumor necrosis factor (TNF)α, interleukin (IL)-1β, IL-6
and monocyte chemoattractant protein (MCP)-1. TNFα can increase intestinal
permeability by weakening tight junctions and inducing high levels of epithelial cell
shedding as well as increasing the ability of immune cells to migrate into the
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inflammatory tissue (28, 29, 32, 33). IL-6 regulates the differentiation of macrophages, T
cells, B cells and other immune cells (34). MCP-1 attracts circulating monocytes into
the tissue, where they differentiate into macrophages and secrete more pro-inflammatory
cytokines, such as IL-1β, IL-6, and IL-8 (23, 33). These culminate in an increased in GI
inflammation during obesity, particularly in the distal small intestine and proximal colon.
High fat diet and obesity are correlated with the upregulation of antigenpresenting and co-stimulatory factors such as major histocompatibility complex class II
(MHC II, specifically HLA-DR), cytotoxic T-lymphocyte associated protein 4 (CTLA4),
CD28 and CD80, and inducible T-cell co-stimulator (ICOS), which contribute to the
inflammation in GI tissue (35). Diet-associated intestinal inflammation leads to increased
numbers of pro-inflammatory immune cells, including Th1 cells, M1 macrophages,
dendritic cells, neutrophils and B cells (17, 19, 23, 35–37). On the other hand,
populations of anti-inflammatory immune cells, such as regulatory T cells (Treg), Th2
cells, M2 macrophages and type 2 innate lymphoid cells (ILC2), decrease (17, 23, 38).
The role of intestinal Th17 cells is more difficult to understand in obesity, as it seems to
vary from study to study with no real consensus (17, 18, 39). This so-called “subclinical” intestinal inflammation that occurs in response to changes in gut microbiota can
lead to the development of inflammation in metabolic tissues, insulin resistance (IR) and
obesity (17, 19, 23, 35–37).
Adipose inflammation.
White adipose tissue (WAT) is involved in energy metabolism, food intake,
insulin sensitivity and immunity through the release of adipokines, which signal the
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endocrine, immune and nervous systems (40, 41). During obesity, the release of
adipokines is altered dramatically. Increased secretion of pro-inflammatory molecules
from WAT, such as leptin, TNF-α, IL-6 and MCP-1, contribute to the chronic, low grade
inflammation present during obesity (40, 41). Lean WAT is composed of adipocytes, preadipocytes, endothelial cells and immune cells (40). There are a variety of immune cells
present in WAT, including macrophages, mast cells and T cells. In lean WAT, the
population of immune cells is low. For example, macrophages only comprise 5% of the
cells in lean WAT and are scattered throughout the tissue (40). The majority of these
macrophages are M2, or “alternatively activated”, macrophages that are characterized by
anti-inflammatory cytokine production (42). M2 macrophages are important for the
promotion of tissue repair, prevention of inflammatory responses and maintenance of
proper adipocyte function and insulin sensitivity (42). The majority of T cells in lean
WAT are Treg and Th2 cells, which are generally anti-inflammatory in nature. These T
cells act to promote the differentiation of M2 macrophages and the sensitivity of cells to
insulin (43). Adipocytes in lean WAT contribute to this anti-inflammatory state through
increased secretion of anti-inflammatory adipokines, such as adiponectin, and decreased
secretion of pro-inflammatory adipokines, such as leptin.
During obesity, there is an increase in adipose tissue mass, without a
corresponding increase in blood flow to the tissue, resulting in hypoxia and higher levels
of adipocyte death (40). Increases in hypoxia-related gene expression and the number of
dead cells result in increased pro-inflammatory cytokine (i.e., leptin, TNF-α, IL-6, and
MCP-1) production by adipocytes (40, 41, 44). Macrophages are found in obese WAT at
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much higher numbers than in lean WAT, making up as much as 50% of total WAT cells
(40). The rapid increase in adipose tissue macrophages is due primarily to an influx of
bone marrow-derived monocytes, caused by an increase in secretion of MCP-1.(44).
Obese WAT macrophages tend to be more of the M1, or “classically activated”,
phenotype, which is characterized by pro-inflammatory cytokine production and
increased generation of reactive oxygen species (ROS) (40, 42). Obese WAT is also
characterized by distinct changes in T cell populations. WAT secretes chemokines which
recruit T cells to adipose tissue early in obesity (45). Like the macrophages, there is an
overall increase in T cell numbers as well as a major shift in the types of T cells
compared to lean WAT. The number of Treg cells decreases early in the development of
obesity due to changes in adipokine secretion (46). Treg cells function to repress the
proliferation of pro-inflammatory Th1 cells, so a decrease in Treg cell populations is
accompanied by a shift from Th2 to Th1 cells. This shift is significant because Th1 cells
secrete pro-inflammatory cytokines, while Th2 secrete mainly anti-inflammatory
cytokines (43, 45, 47). The loss of Treg and Th2 cells in WAT during obesity also
contributes greatly to the development of IR, as both have insulin-sensitizing effects (43,
47). However, it has been recently proposed that IR, instead of being caused by adipose
inflammation, may actually contribute to the development of adipose inflammation (48).
Regardless of which comes first, obesity is often characterized by both adipose
inflammation and IR. Thus, changes in the immune milieu of WAT during obesity
correspond with adipose inflammation and IR.
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Figure 1.
The development of obesity begins with a dysbiosis of the gut microbiota due to changes
in diet, particularly high-fat and high-sugar diets. This leads to increased gut
permeability, which allows endotoxins to enter the bloodstream and travel to metabolic
tissues, where immune system activation results in systemic inflammation. (Figure from
Burcelin et al. 2011) (49)

Animal Models of Obesity
Due to the high prevalence of obesity and the significant health risks that it
imposes, there is a dire need for more research in order to understand the pathology of
disease and develop pharmaceutical treatments. Most obesity research involves animal
models. Animal models may be monogenic (i.e., obesity induced due to a single gene
mutation, often in the leptin signaling pathway) or polygenic (i.e., obesity induced due to
a variety of genetic variations and environmental factors) (10–12, 50). Monogenic
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models typically include mouse and rat models, such as the ob/ob mouse or Zucker Fatty
Rat (11). These models are important for pharmaceutical applications where there is a
need for a clear phenotype that can be monitored for alterations (11). Polygenic models
include rodents as well as non-human primates and pigs (10–13, 50). These models are
important because there are very few instances of human obesity arising from a single
genetic mutation. Instead, most occur as the result of many genes each carrying a small
risk on its own (50). Obesity in polygenic models is typically induced by decreased
energy expenditure or increased caloric intake via a Western or cafeteria diet (a varied
and palatable high fat, high carbohydrate diet that promotes hyperphagia) or commercial
high fat, high carbohydrate pellet diet (10, 11, 50). Finally, some studies have used
seasonal models of obesity, such as Siberian and Syrian hamsters. In these models,
changes in body weight and adiposity vary in a yearly cycle, triggered by photoperiod
(10, 50).
The unique nature of the latter models is that these hamster species can use
hibernation or torpor. Mammals tend to keep a relatively constant body temperature (Tb)
of 36-38°C, but this can be very costly during winter, when ambient temperatures (Ta) are
low (51, 52). For some, especially small rodents, maintaining a constant Tb during the
winter can be difficult, particularly when food is scarce. To combat this, some mammals
have adopted a strategy of hibernating for 7-9 months of the year, during which time
metabolic processes and Tb decrease dramatically (51–54). This gives them an energy
savings of 85-88% compared to the estimated energy needed to maintain a Tb of 37°C in
the cold (51, 52). Hibernation is a prolonged period of fasting and inactivity in which the
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majority of energy is supplied by endogenous reserves, particularly triglycerides stored in
WAT. By the end of the hibernation season, up to 50% of the animal’s body mass has
been lost and this must be regained in the short 3-5 months before the subsequent
hibernation period (51, 53–55). The short active season is characterized by hyperphagia,
a doubling or even tripling of food intake and increase in body mass by up to 50%
(mainly in the form of WAT, resulting in an increase in percent body fat). During this
time, the preferred diet shifts particularly to seeds and other foods high in
polyunsaturated fats (51, 54). As peak body mass is reached, IR develops but is quickly
reversed as the animals begin enter hibernation (54). At the same time, metabolic rate and
food intake decrease and energy balance shifts toward rapid weight gain, largely due to
restructuring of the gut microbiota into a community more efficient at harvesting and
storing energy (52, 55). Surprisingly, there is not a decrease in resting metabolic rate or
activity levels in hibernators during the period of weight gain, but rather energy sparing
techniques are used to maintain the optimal body mass until the animals enter hibernation
(56). The animals then enter hibernation, which is characterized by long bouts of torpor
interrupted periodically by short arousals to euthermia (6-24 hours long) (51, 52).
Hibernators are unique and valuable models of obesity because they represent a
natural example of rapid WAT mass gain. Each year, they undergo a cycle of rapid
weight gain and loss, during which they develop obesity and IR. Unlike polygenic
models, hibernators are able to develop obesity without the use of a high-fat diet and are
even able to gain similar amounts of body mass during the active season when on a low
fat or calorie-restricted diet (55). Also, hibernators could be valuable models for
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pharmaceutical treatments. These animals are so genetically programmed to fatten, that if
a treatment is able to offset the development of obesity in them, there is a strong
possibility that it should work for other animal models and humans.

15
Chapter II
Body

Introduction
Obesity is a serious epidemic in the United States, as well as in the rest of the
world. According to a 2016 report by the World Health Organization, 650 million adults
were considered obese (14). In addition to health risks due to obesity itself, a number of
comorbidities are associated with obesity, including type II diabetes, cardiovascular
disease and some types of cancers.
The pathogenesis of obesity is still not well known. It is thought to begin with
diet-induced changes in gut microbiota composition and low-grade intestinal
inflammation, followed by subclinical inflammation in adipose tissue and insulin
resistance (IR) (13, 15, 57). Dysbiosis of the microbiota leads to intestinal inflammation
and increased intestinal barrier permeability, as well as increased energy harvest from
ingested nutrients (23). Increased permeability facilitates the translocation of bacterial
products, such as lipopolysaccharides (LPS), across the intestinal barrier into the blood,
resulting in low-grade inflammation of metabolic tissues, which are adipose tissue,
muscle, and the liver (so called “metabolic inflammation”) (23). Adipose tissue produces
abnormal amounts of adipokines, including elevated levels of leptin and reduced levels of
adiponectin. This, along with the production of pro-inflammatory cytokines, like tumor
necrosis factor (TNF)-α, lead to metabolic inflammation which can cause IR via
interactions between cytokine and insulin signaling pathways (15). Both IR and the
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increased efficiency of energy harvest from food by gut microbes contribute to an
increase in lipid storage in white adipose tissue (WAT).
Due to the high prevalence of obesity and the serious health risks associated with
it, there is a need for research on both the pathogenesis of obesity and pharmaceutical
treatments. Much of this research involves animal models, which are typically monogenic
(obesity induced due to a single gene mutation), polygenic (obesity occurs due to the
interactions of a number of genes with a high fat diet) or seasonal (adipose mass loss and
gain occur in a yearly cycle) models (10–12, 50). The benefit of seasonal models is that
the increased adiposity occurs independently of a western high fat diet (HFD). This
allows accurate assessment of changes in the physiology associated with obesity
independent of changes due to HFD ingestion. Hibernators are one example of a seasonal
model, in which body mass and adiposity rapidly increase during the short active season
and decrease during the long hibernation period (51, 53–55, 58–60). Because hibernation
is characterized by prolonged fasting, it is important that hibernators accumulate
sufficient energy stores to last them until the following active season. In this study, we
used a hibernator, the 13-lined ground squirrel (Ictidomys tridecemlineatus), to define a
timeline of events that lead to increased adiposity during the active season. We
hypothesized that there would be a rapid increase in body mass and adiposity during the
active season, but that caloric intake would peak before the maximum body mass was
achieved. We also hypothesized that white adipose tissue (WAT) would progress to a
more inflammatory state throughout the active season, as shown by increased proinflammatory cytokines and decreased anti-inflammatory cytokines. Finally, we
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hypothesized that glucose intolerance and insulin resistance would reach a peak late in
the active season, then would drop off as the squirrels begin to show signs of hibernation,
as shown in other hibernating species (54).

Materials and Methods
Animals.
Yearling female 13-lined ground squirrels (n=30) were obtained from the UW
Oshkosh squirrel colony and allowed to hibernate. On April 14, 2017, when interbout
arousals were becoming more frequent for the majority of animals, the ground squirrels
were removed from the hibernaculum and housed individually in standard rat cages (10”
wide x 19” long x 8” tall) with unlimited access to water at ~20°C. Light-dark cycles
were adjusted as follows during the active season: 12.5 hours of light/11.5 hours of dark
April 14, 2017-June 5, 2017, 15.5 hours light/8.5 hours dark June 6, 2017- August 8,
2017, 14 hours light/10 hours dark August 9, 2017-August 20, 2017, 13.75 hours
light/10.25 hours dark August 21, 2017-September 3, 2017, and 13.25 hours light/10.75
hours dark September 4, 2017-September 8, 2017. All procedures involving animals were
approved by the UW Oshkosh Institutional Animal Care and Use Committee (Protocol
#0026-000298-11-15-16).
Feeding regimen and weekly weigh-ins.
The squirrels were fed Teklad Global 18% Protein Diet (#2018, Envigo, Madison,
WI) ad libitum (food was added throughout the week to ensure that the squirrels would
not run out at any point) and supplemented with sunflower seeds (6.44 g [1 tbsp]) once
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per week. The amount of food (in grams) added to the cage each day was measured and
the total food added for the week calculated (89.4 ± 5.61 g on average). The amount of
food remaining in the cage at the end of each week was recorded and subtracted from
total food added to determine the amount of food consumed weekly. These values were
then converted to kilocalories consumed based on the nutritional content of the diet.
Body mass for each squirrel was recorded weekly. To minimize stress, this was done
during weekly cage cleaning where a clean cage was tared on a balance prior to addition
of the squirrel.
Glucose tolerance tests.
Intraperitoneal glucose tolerance tests (IPGTT) were performed throughout the
active season as an indicator of glucose intolerance and IR (Timing of GTTs shown in
Table 1). A subset of six squirrels was used each time. Before the GTT, the squirrels
were fasted for 5 hours by moving them to a clean cage with bedding and ad libitum
water but no food. Anesthesia was induced in a 3-liter induction chamber using 5%
isoflurane. After an appropriate plane of anesthesia was reached, the squirrel was
transferred to dorsal recumbancy on a heating pad or heated rice sacks and 3-5%
isoflurane was delivered via nose cone. The ventral side of the tail was shaved and
cleaned with ethanol. A 22-G needle was used to collect a drop of blood from the tail
artery for glucose measurement using a Contour Next glucometer (manufacturer
calibrated). Gauze was used to stop the bleeding. The squirrel was then injected
intraperitoneally with 1 g/kg D-glucose in sterile saline. Additional drops of blood were
collected and analyzed with the glucometer at 15, 30, and 60 minutes post injection. Once
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the final blood sample was collected, the animal was removed from anesthesia and
allowed to recover in its cage on a heat source. Food was returned once the animal had
fully recovered from anesthesia. Glucose tolerance test results were analyzed by plotting
time after injection against blood glucose levels and using a self-made excel program to
calculate the area under the curve (AUC). A small AUC corresponds to high glucose
tolerance, whereas a large AUC corresponds to low glucose tolerance, and potentially IR.

Table 1.
Calendar dates corresponding to GTT and tissue collection weeks.
Calendar date
Weeks after emergence
Event
April 14, 2017

0

Removed from hibernaculum

April 21, 2017

1

GTT

May 19, 2017

5

GTT

June 21, 2017

10

GTT

June 28, 2017

11

Tissue Collection

July 21, 2017

14

GTT

July 26, 2017

15

Tissue Collection

August 2, 2017

16

GTT

August 9, 2017

17

Tissue Collection

August 16, 2017

18

GTT

August 23, 2017

19

Tissue Collection

August 31, 2017

20

GTT

September 6, 2017

21

Tissue Collection
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Tissue collection.
Squirrels were euthanized throughout the active season (in subsets of 6) for tissue
collection. These tissue collections were performed 11, 15, 17, 19, and 21 weeks after
emergence (Table 1). Each squirrel was anesthetized in a 2-liter induction chamber using
5% isoflurane, then weighed and euthanized by decapitation. Body temperature was then
measured by inserting a small probe into the abdominal cavity through a small incision.
Mesenteric (mWAT), retroperitoneal (rWAT), omental (oWAT) and intra-abdominal
(iaWAT) visceral WAT depots were removed and weighed. Percent adiposity and obesity
were determined based off other rodent models, which stated that obesity was
characterized by a percent adiposity of 8.78% or greater (61). Percent adiposity was
calculated by summing iaWAT, rWAT, and oWAT then dividing by total body mass and
multiplying by 100 (61). A small portion of iguinal adipose tissue (ingWAT, a
subcutaneous WAT depot) was removed as well. Small portions of each WAT depot
were placed into 300 µl of RNAlater (Invitrogen, Carlsbad, CA) for later analysis.
Another, larger portion was flash frozen in liquid nitrogen and stored. All collected
tissues were stored at -80°C until used.
Adipose RNA extraction.
RNA was isolated from iaWAT and mWAT adipose samples that had been stored
in RNAlater using a Total RNA Mini Kit (IBI Scientific, Peosta, IA). Approximately 40
mg of WAT was transferred to a clean, nuclease-free 1.5 ml tube, then RB Buffer, βmercaptoethanol, and two 2.4 mm omni metal beads were added. Parafilm was used to
seal the caps and the samples were lysed in a Tissuelyzer at a rate of 50 oscillations/s for
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5 minutes. The samples were incubated at room temperature for 3 minutes then
transferred to a filter column and centrifuged at 1,000 x g for 30 seconds. The filter
column was discarded. Ethanol (400 µl, 70% prepared in nuclease-free water) was added
to the filtrate then the ethanol mixture transferred to an RB column. The RB column was
centrifuged for 1 minute at 16,000 x g then the flow through was discarded. W1 Buffer
(400 µl) was added to the centrifuge column and centrifuged for 30 seconds at
16,000 x g. The flow through was discarded, 600 µl of Wash Buffer added to the RB
column, then centrifuged for 30 seconds at 16,000 x g. The flow through was discarded,
and another 600 µl of Wash Buffer was added to the RB column. The RB column was
centrifuged for 30 seconds at 16,000 x g and the flow through discarded. The RB column
matrix was dried by centrifuging for 2 minutes at 16,000 x g. To elute the RNA, the RB
column was transferred to a clean, nuclease-free 1.5 ml tube and 50 µl of nuclease-free
water was added to the column. The column was left to stand for at least 1 minute to
ensure the water had completely soaked into the matrix, then the column centrifuged for
30 seconds at 16,000 x g. The RB filter was discarded, then the isolated RNA analyzed
on a nanodrop spectrophotometer to determine concentration and purity. The isolated
RNA was stored at -80°C until further analysis.
Quantitative reverse transcriptase PCR.
cDNA was created from the RNA using an M-MLV Reverse Transcriptase
(Promega, Madison, WI). The reaction mixture was set up with 200 ng of RNA using
oligo (dt) primers to preferentially target mRNA. The samples were placed in the
thermocycler for 5 min at 70°C then immediately placed on ice. A master mix containing
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MMLV Reaction Buffer, 2 mM dNTP mix, 25 units Recombinant RNasin Ribonuclease
Inhibitor, 200 units M-MLV reverse transcriptase, and nuclease free water was prepared
and added to each sample. The samples were incubated in the thermocycler for 60 min at
37°C then stored at -20°C until further analysis. WAT cDNA was analyzed using
Bullseye EvaGreen qPCR Mastermix (MidSci, Valley Park, MO) and run on an Applied
Biosystems Real Time PCR Machine. The protocol used was as follows: 95°C for 2 min,
40 cycles of 95°C for 15 s, the appropriate annealing temperature (Table 2) for 30 s, and
72°C for 45 s, then 72°C for 2 min, a melt curve of 95°C for 15 s, 60°C for 1 min, and
95°C for 15 s, and a final infinite hold of 20°C. Primers were designed using the
annotated 13-lined ground squirrel genome on ensembl.org using the primer3web
program. Primer sequences and annealing temperatures used are listed in Table 1.

Table 2.
Primers and annealing temperatures used for WAT qPCR
Gene

Temp

Forward Primer (5’ to 3’)

Reverse Primer (5’ to 3’)

Actin

60°C

GGAAATCGTGCGTGACATCA

AGGATTCCATGCCCAGGAAA

FOXP3

62°C

AGGACAGCACCCTTTTAGCT

AAGACTGCACCACCTCTCTC

MRC1

60°C

TCCTTTCCATGGTCACTGCT

AGAGCCACATCCCTTCAACA

GATA3

60°C

AGATCCAGCACAGAAGGCAG

GGTCTGACAGTTTGCACAGG

ELISA.
iaWAT and ingWAT were analyzed for the levels of specific cytokines. First,
approximately 40-70 mg of WAT was measured and placed into a centrifuge tube
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containing PBS. The tissue was homogenized by hand with a dounce homogenizer.
Enzyme-linked immunosorbent assays (ELISA) were performed for tumor necrosis factor
(TNF)-α and interleukins 10 (IL-10) and 6 (IL-6) (both from BD Biosciences, San Diego,
CA) following the manufacturer’s instructions. A protein assay was performed of the
samples in order to normalize cytokine concentrations to total protein. The Pierce BCA
Assay Kit (Thermo Fisher Scientific, Waltham, MA) was used following the
manufacturer’s instructions.
Statistics.
Statistics were run using Minitab statistics program. Normal distribution of the
data was assessed with the Anderson-Darling normality test. If data sets were not
normally distributed (i.e., body mass, mWAT MRC1 and GATA3, iaWAT GATA3), a
log transformation was attempted. If log transformed data was not normally distributed
(all cases above), a Kruskal-Wallis test on the non-transformed data was used to
determine changes between groups. Mann-Whitney U tests were performed between
groups and adjusted with Bonferonni correction. For normally distributed data, one-way
ANOVA was used for analyses along with Fisher’s LSD post-hoc pairwise comparison.
For all tests, p-values ≤ 0.05 were considered significant.

24
Results
13-lined ground squirrels exhibited significant changes in body mass and
caloric intake.
Squirrels were weighed every week beginning at emergence from hibernation on
April 14, 2017 until the last set of tissue collections on September 8, 2017. The average
body mass at the beginning of the active season was 128.5 g, and then increased
significantly (P < 0.001) until it reached 226.7 g 20 weeks after emergence, an average
mass gain of 98.2 g (Figure 2). Caloric intake increased immediately after emergence, but
peaked at nine weeks after emergence before falling to less than initial levels by week 15
(P < 0.001, Figure 2). Squirrels were showing signs of torpor by 20 weeks postemergence with decreased activity and food intake and behaviors consistent with
frequent, short “test” torpor bouts (personal observations).
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Figure 2.
Changes in body mass (black lines) and caloric intake (gray lines) during the active
season. Lines represent mean ± SE of 3-30 squirrels (later weeks had fewer squirrels
because of subsets euthanized for tissue collection). For both body mass and caloric
intake, P < 0.001.

Glucose intolerance shows a strong trend for a peak at 18 weeks after
emergence but is recovered by week 20.
Intra-peritoneal glucose tolerance tests (IPGTT) were used as an indicator of
glucose intolerance and IR. The area under the curve (AUC) for IPGTT performed at
weeks 1, 5, 10, 14, 16, 18, and 20 on subsets of 6 squirrels was calculated. A larger AUC
value signifies more glucose intolerance, due to the blood glucose level remaining at a
higher level for longer. The mean AUC for each subset of squirrels was used to determine
changes in glucose tolerance over the active season, as squirrels became increasingly
obese (Figure 3). There was a trend toward a significant increase in glucose intolerance
(P = 0.077) at 18 weeks after emergence, but glucose tolerance was recovered by week
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20 when the squirrels were showing regular signs of torpor, as has been demonstrated in

AUC glucose (min*mg/dL)

other hibernators (54).
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Figure 3.
Glucose intolerance was measured throughout the active season using IPGTT. A strong
trend for an increase at 18 weeks post-emergence was found. Lines represent mean ± SE
of 6-9 squirrels for each week. P = 0.077.

Body temperature and visceral adipose mass do not vary significantly over
the active season.
Body temperature did not vary over the active season, although there was a slight
but non-significant drop at the last timepoint (Table 3). This is consistent with the
observation that these squirrels were undergoing regular torpor bouts in the warm
housing room. The masses of four visceral WAT depots as well as the sum of the depots
(to give total visceral adipose mass) were analyzed. There was no change in the mass of
any of the adipose depots nor in total visceral adipose mass over the active season,
though it is important to note that the first tissue collection was 11 weeks after
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Body temperature (Tb) and masses of intra-abdominal (iaWAT), retroperitoneal (rWAT), mesenteric
(mWAT) and omental (oWAT) depots were measured. Data represent means ± SE. P > 0.05 for all
measurements.

3.34±0.32
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7.57±0.65
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Tb (°C)

15
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Table 3.
Body Temperature and Adipose Mass at Tissue Collection
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emergence. Based on body mass, it is apparent that much of the increase in adipose mass

had occurred prior to this time.
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Adipose tissue inflammatory state changes during the active season.
Obesity is often characterized by systemic, low-grade inflammation, particularly
in adipose tissue. Cytokines and markers of certain immune populations were examined
in WAT of 13-lined ground squirrels using RT-qPCR and ELISA. RT-qPCR was
performed on iaWAT and mWAT using primers for immune cell markers to estimate
immune cell populations (Table 1). In iaWAT, expression of FOXP3, a marker of Treg,
was lower at week 11 than weeks 17 or 21 (P = 0.012; Figure 4A). MRC1, a marker of
M2 macrophages, decreased between weeks 17 and 21 (P = 0.05; Figure 4B). Finally,
there was a trend toward a progressive decrease in GATA3 throughout the active season
(P = 0.061; Figure 4C). Both FOXP3 and MRC1 in iaWAT show a peak in expression at
week 17. FOXP3 in mWAT shows no significant change in levels throughout the active
season (P = 0.096; Figure 4D). In mWAT, MRC1 expression was lower at the very end
of the active season compared to weeks 11 or 19 (P = 0.007; Figure 4E). mWAT GATA3
expression peaked 19 weeks after emergence (P = 0.018; Figure 4F).
Cytokine proteins were also measured in iaWAT (this work was performed in the
lab by an undergraduate, Santidra Love) and ingWAT depots using ELISA. While
concentrations of these cytokines in ingWAT (Figure 5D-F) did not change significantly
over the active season, some displayed trends. Concentrations in visceral iaWAT (Figure
5A-C) changed in striking similarity to IPGTT results (Figure 3). In iaWAT, IL-10 levels
were high early in the active season before dropping significantly 19 weeks after
emergence (P = 0.018; Figure 5A). TNFα showed a different, and somewhat opposite
trend, increasing progressively throughout the active season (P = 0.001; Figure 5B). IL-6
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levels in drop significantly 19 weeks after emergence, but then increase rapidly to an allseason high at week 21 (P = 0.002; Figure 5C). In ingWAT, IL-10 displayed a trend
toward decreasing throughout the active season, with the highest level occurring at week
11 (P = 0.056; Figure 5D). TNFα levels exhibited no change during the active season (P
= 0.2; Figure 5E). IL-6 levels in ingWAT trended toward a peak 21 weeks after
emergence (P = 0.099; Figure 5F).
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Figure 4.
Expression of immune cell markers in iaWAT (A-C) and mWAT (D-F) normalized to βactin. (A) FOXP3 (Treg), ANOVA: P<0.05. (B) MRC1 (M2 macrophages), ANOVA:
P=0.05. (C) GATA3 (Th2 cells), Kruskal-Wallis: P>0.05. (D) FOXP3 (Treg), ANOVA:
P>0.05. (E) MRC1 (M2 macrophages), Kruskal-Wallis: P<0.05. (F) GATA3 (Th2 cells),
Kruskal-Wallis: P<0.05.
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Figure 5.
Levels of IL-10 and TNFα in iaWAT (A-C) and ingWAT (D-F). (A) IL-10, ANOVA:
P<0.05. (B) TNFα, ANOVA: P<0.05. (C) IL-6, ANOVA: P>0.05. (D) IL-10, ANOVA:
P>0.05. (E) ingWAT TNFα, ANOVA: P>0.05. (F) IL-6, ANOVA: P<0.05.
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Discussion
In this study, we examined changes in the physiology of 13-lined ground squirrels
during their active season. As hibernators, 13-lined ground squirrels spend the majority of
the year in torpor, during which time they are not consuming any nutrients and must rely
solely on endogenous energy to survive. In the spring, these squirrels emerge from
hibernation and must spend the next few months regaining the body weight and adiposity
lost during hibernation and preparing for the subsequent hibernation season. In our study,
we found that body mass increased and caloric intake peaked significantly during the
active season, but adiposity did not change after mid-summer. Changes in the expression
of important immune cell markers and cytokines in WAT point to a change in proinflammatory character, generally around 17-19 weeks after emergence. Though glucose
tolerance did not change significantly during the active season, it did show a trend toward
significant glucose intolerance around the same time.
Body mass increased steadily early in the active season, until it plateaued midway and stayed relatively constant for the remainder of the study. This suggests that by
midway through the active season, optimal (or perhaps maximum) body mass had been
achieved, which is consistent with the findings of other hibernator studies. In arctic
ground squirrels, females have been found to achieve maximum body mass relatively
early in the active season (within two months of emergence) compared to males, and then
maintain that body mass through the remainder of the active season primarily through
decreased metabolic rate (62). It is important to note the female ground squirrels were
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also used for this study and, thus, studies of male ground squirrels are necessary to
determine whether there is a sex difference in the increase in body mass in our species.
Unlike body mass, caloric intake peaked relatively early in the active season,
which is consistent with other hibernators (54). Many hibernator species display a
decrease in food intake following achievement of a threshold body mass, which is
thought to be due to the increase in serum free fatty acid levels (54). In the wild, 13-lined
ground squirrels will alter their diet during the active season to optimize weight and fat
gain (51, 52, 54, 55). The diet shifts from herbivorous to granivorous, energy dense foods
high in polyunsaturated fatty acids. High levels of polyunsaturated fatty acids can lower
the melting point of the phospholipid membrane in preparation for the low body
temperatures experienced during hibernation (51, 52). Though the contents of the diet in
this study remained the same throughout the active season, previous studies have shown
that hibernators are able to gain sufficient body mass and adiposity for hibernation even
on a calorie-restricted diet (55). One study on chipmunks found that supplementing the
diet with sunflower seed oil was sufficient to increase chipmunk hibernation bout
duration relative to those fed a normal diet or one supplemented with saturated fatty acids
(52). Furthermore, it has been found that many hibernators will not enter hibernation if
not enough polyunsaturated fats are consumed for proper restructuring of phospholipid
membranes (51). The small amount of sunflower seeds administered to the squirrels each
week likely provided them with sufficient polyunsaturated fatty acids to hibernate.
Indeed, many of the squirrels used in this study displayed short “test” bouts of torpor
toward the end of the active season, which suggests that they had sufficient body mass,
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adiposity, and polyunsaturated fatty acid consumption despite the inability to select
different diets.
One mechanism for continued increase in body mass despite a decrease in caloric
intake is a decrease in metabolic rate. Many species of hibernators have been found to
display decreases in metabolic rate and body temperature prior to the onset of obesity
(51, 52). In addition, 13-lined ground squirrels and other hibernators exhibit short “test”
bouts of torpor in preparation for hibernation, which can last less than a day up to
multiple days (51, 63). These bouts of torpor occur independently of cold exposure, and
are entrained to a circannual rhythm. In our study, by the end of the active season, some
squirrels displayed these “test” bouts. During these bouts, the animals felt cold and could
not be easily aroused by noise or activity. By allowing their metabolic rate and body
temperature to fall during these short bouts of torpor, the squirrels were able to maintain a
relatively constant body mass despite decreased caloric intake.
The gut microbiota of hibernators changes markedly throughout the year, with the
influx of dietary substrates at the beginning of the active season shifting the gut
microbiota of hibernators to more Firmicutes and less Bacteroidetes and
Verrucomicrobia (53, 55, 59). Firmicutes prefer dietary substrates, particularly
carbohydrates; the influx of which leads to increased Firmicutes during the active season
(53, 59). On the other hand, Bacteroidetes are able to use either dietary or host-derived
substrates and Verrucomicrobia specializes in utilizing host-derived substrates, making
both groups less dominant in the substrate-rich environment of the active season gut (53,
59). The shift from Bacteroidetes to Firmicutes results in an overall shift of the active
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season gut microbiota toward a composition that promotes fattening through more
efficient energy harvest and signals to the host to enhance storage of energy in adipose
tissue (55, 60). This likely contributed to the continued increase in body mass even after
the caloric intake decreased; the animals would simply be able to absorb more nutrients
from the food that they consume, thanks to a more efficient gut microbiota.
Visceral adipose mass showed no change in the squirrels euthanized between 11
and 21 weeks after emergence. Presumably, the majority of visceral adipose mass was
already acquired by this point, as is suggested by the levelling off of body mass that
began around ten weeks post-emergence. Fat mass gain in hibernators is achieved to a
certain “preferred” level, so it is possible that the squirrels used in this study had already
achieved the necessary threshold of fat mass by week 11, so they did not acquire much
fat mass beyond that point (52). This is in stark contrast to the pattern of adipose mass
gain in other hibernators, which have been found to gain the majority of their fat mass
late in the active season (52).
Insulin resistance (IR) is commonly associated with obesity. Though we did not
measure insulin levels or physiological response to insulin directly in this study, the
glucose tolerance of the squirrels was analyzed throughout the active season to act as a
proxy for insulin sensitivity. During normal insulin function, when food is ingested,
insulin is secreted from the pancreas and travels in the bloodstream to other tissues (such
as muscle) where it induces the translocation of GLUT4 into the cell membrane (4, 6, 7).
This allows for cellular uptake of glucose from the bloodstream, which causes blood
glucose levels to drop. During IR, insulin is unable to induce the integration of GLUT4
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into the cellular membrane, leading to increased levels of glucose in the blood after
feeding (4). Previous studies with other hibernators have shown that they develop IR late
in the active season, but that insulin sensitivity is recovered just before the animals enter
hibernation, possibly due to antioxidant production (51, 54). As such, we expected our
results to show a similar trend, with IR (measured as glucose intolerance) reaching a peak
late in the active season, but decreasing just before hibernation should begin. Though no
significant change was detected, there was a trend toward a significant peak in glucose
intolerance 18 weeks after emergence. This suggests that IR had developed at this time,
but insulin sensitivity and glucose tolerance are quickly recovered by week 20, which is
consistent with previous studies on hibernators.
Interestingly, around the same time that glucose tolerance was at its lowest, there
were significant changes occurring in the immune state of the visceral adipose tissue. IR
has been long thought to be the result of adipose tissue inflammation (40, 42, 43, 48), but
a recent paper suggests the opposite may be true and that IR may contribute to the
development of adipose inflammation (48). Regardless of the direction of effect, both IR
and adipose tissue inflammation commonly occur together during obesity. In obesity,
adipose tissue typically displays increases in pro-inflammatory immune cell populations
and decreases in anti-inflammatory immune cell populations, resulting in an overall
increase in inflammatory state (40–42, 44, 45, 47, 57, 64, 65). Though it is commonly
accepted that adipose tissue inflammation contributes to the development of obesity,
obesity also contributes to changes in adipose immune state through differential secretion
of adipokines (5, 47). Anti-inflammatory cells in particular are influenced by obese
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adipokine levels, which create an unfavorable environment for their survival and
proliferation. Adiponectin has a positive effect on both Treg cell proliferation and M2
macrophage IL-10 production, but is decreased in obesity (47). On the other hand, leptin
levels are increased in obesity, leading to decreased Treg cell proliferation (47). In
general, the populations of anti-inflammatory immune cells peak around 17-19 weeks
after emergence, then drop to similar levels that they were at prior to the peak. The reason
for the increase in anti-inflammatory immune cells at this time, when IR has presumably
developed and adipose inflammation is high, is likely compensatory. Due to the
increasing levels of adipose inflammation, the levels of Tregs, M2 macrophages, and Th2
cells likely increase to try to offset this inflammation, but decrease again once the
inflammatory state progressed to a point where it caused an unsuitable environment for
these anti-inflammatory cells to survive and proliferate. Though there are few studies on
the immune changes that occur in hibernators during the active season (most focus on
differences between active and hibernating animals) and no studies on WAT immune
cells in hibernators, there has been some evidence for immune suppression in other
tissues occurring in autumn in preparation for hibernation (66, 67). In particular, small
lymphocytes and B cells in lymph nodes decrease in number in autumn, along with the
cytotoxic activity of T cells, but populations of splenic T cells and peritoneal
macrophages have been found to increase (67). However, without evidence from the
adipose tissue of other hibernator species, the difference may be simply attributed to
differences between the tissues or species studied. Overall, the anti-inflammatory
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immune cell populations in our squirrels showed a slightly different pattern than seen in
obesity in other models.
Though immune cell populations can give an idea of the immune state of adipose
tissue, the better indicator is the levels of pro-inflammatory and anti-inflammatory
cytokines, because cytokines are the actual modulators of immune function. Significant
changes in TNF-α, IL-10, and IL-6 in iaWAT but not ingWAT support previous
evidence that suggests visceral adipose tissue inflammation, but not subcutaneous
inflammation, corresponds with obesity (40, 42, 68). The cytokines analyzed in this
study, TNFα and IL-10, represent the primary pro-inflammatory and anti-inflammatory
cytokines, respectively. IL-6 also has primarily pro-inflammatory properties in obese
adipose tissue (69). TNFα is a pro-inflammatory cytokine that is produced by M1
(“classically activated”; pro-inflammatory) macrophages, Th1 cells, dendritic cells, and
mast cells which has been found to be increased in WAT during obesity (40–42, 44, 45,
47, 65, 68). TNFα has been linked to the development of IR, which is supported by the
timing of the peaks in TNFα and glucose intolerance that we saw in this study (70). On
the other hand, IL-10 is an anti-inflammatory cytokine primarily produced by M2
(“alternately activated”; anti-inflammatory) macrophages as well as Treg and Th2 cells
(40, 42, 47, 71). IL-10 has been associated with protection against TNFα-dependent IR
(42). We found that IL-10 drops dramatically 19 weeks after emergence; at the same time
or just after the levels of M2 macrophages, Tregs, and Th2 cells increase. This
discrepancy may be due to a decreased activity of the anti-inflammatory immune cells,
resulting in an increase in population but no apparent decrease in adipose inflammation.
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IL-6 has also been found to contribute to IR during obesity (69). IL-6 is produced
primarily by mast cells, M1 macrophages, and Th1 cells, and its production is inhibited
by IL-10 (71, 72). This interaction between IL-6 and IL-10 support our data, which show
a rapid increase in IL-6 immediately following the lowest levels of IL-10 of the active
season.
Overall, our results point to a peak in caloric intake occurring prior to maximum
body mass being achieved and significant changes in the adipose immune state and
glucose tolerance of the squirrels between 17 and 19 weeks after emergence, but no
changes in visceral adipose mass. We propose that the drastic changes in visceral adipose
mass found in other studies of hibernators would have been observed here if our first
tissue collection occurred at the beginning of the active season. Our results suggest that
these squirrels follow the same relative progression of obesity as in other animal models
and humans and, as such, may be used to determine possible therapeutic treatments for
obesity. Due to the ability of ground squirrels, and other hibernators, to gain sufficient
weight for hibernation despite a calorie-restricted diet (55), it is evident that they are
programmed to gain excess amounts of body mass and adiposity over the short active
season. If there is a way to inhibit hibernators from becoming obese, even when they
have such a strong genetic predisposition toward it, then it is likely that similar treatments
could work on non-hibernating species.

.
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Chapter III
Conclusion

Hibernators, such as the 13-lined ground squirrel (Ictidomys tridecemlineatus),
spend a significant portion of the year hibernating, which is characterized by the reliance
on endogenous energy stores for survival (51, 53–55, 58, 59). Due to this extended period
of voluntary fasting, 13-lined ground squirrels need to build up large fat stores in their
bodies prior to entering hibernation, which is accomplished during their short, 4-5 month
active season (51, 53–55). Toward the end of the active season, the squirrels develop
obesity and IR.
We monitored various aspects of 13-lined ground squirrel physiology during the
active season to determine changes in body mass, caloric intake, adiposity, glucose
tolerance, and adipose tissue inflammation that occurred during the development of
obesity. We examined changes in body mass and caloric intake over the active season.
Like other hibernators, the squirrels underwent a hyperphagic period, but the caloric
intake dropped off prior to the squirrels reaching their maximum body mass (51, 53–55).
Given the shift in the gut microbiota of obese mammals to a more energy-efficient state,
we suspect that the gut microbiota shifted around the same time as the peak caloric
intake, resulting in continued mass gain despite decreased caloric intake (24, 26).
Surprisingly, we did not detect any changes in visceral adipose mass or adiposity during
the weeks that tissue collections were performed. Though previous studies on hibernators
suggest that the majority of adipose mass is gained late in the active season, we speculate
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that our squirrels actually gained large amounts of adipose mass at the beginning of the
active season, resulting in very little change after the midpoint (55). Late in the active
season, our squirrels displayed a change in adipose immune state and a corresponding
trend toward IR, which is consistent with the findings of previous research that adipose
inflammation and IR are closely tied together (40, 41, 45, 47, 48).
We propose that by performing the first tissue collection at the beginning of the
active season, future studies may be able to detect certain changes that were not found to
be significant in our study, such as changes in adiposity. In addition, analyzing the
composition of the gut microbiota and intestinal immune state during the active season
may elucidate certain mechanisms of weight gain and obesity pathogenesis that have
been seen in other models. Additionally, understanding the interaction of the gut
microbiota and adipose inflammation with the development of obesity through the
administration of antibiotics, probiotics or anti-inflammatory drugs could allow a better
understanding of the causal relationships during obesity development. Finally, additional
research on the development of obesity in 13-lined ground squirrels during the active
season could be beneficial in determining pharmaceutical treatments for obesity in other
animal models and potentially humans.
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